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THERMAL TOLERANCE OF AGE-0 GULF OF MEXICO STRIPED BASS  
 
(MORONE SAXATILIS): ONTOGENETIC AND GENETIC EFFECTS 
 




 Striped bass, Morone saxatilis, were historically abundant in the Gulf of Mexico 
region but were largely extirpated from most Gulf rivers by the early 1960s. Since 1967 
hatchery stocking has supported populations in Mississippi rivers and to date there is no 
evidence of natural reproduction. Intolerance of striped bass to high water temperature is 
a potential factor negatively impacting Gulf striped bass survival and reproductive 
fitness, and may be a limiting factor to reintroduction of the species in Mississippi. This 
work contributed to restoration efforts by establishing molecular tools necessary for 
genetic monitoring of striped bass restoration, and evaluating the upper thermal tolerance 
of Gulf striped bass larvae and juveniles. Multiplex assays for eleven microsatellite loci 
were optimized and the suitability of the obtained panel for genetic tagging and 
monitoring was evaluated. Simulation analysis employing a likelihood ratio approach to 
assign offspring to parents in the hatchery showed that the panel allowed identification of 
95% of hatchery fish while maintaining the rate of false identification (incorrect 
classification of wild fish as hatchery fish) lower than 2.5% when genotypes of all 
hatchery broodfish are known. Significant departure from Hardy-Weinberg expected 
genotype frequencies was detected at most of the loci and appeared to reflect in part 
amplification artifacts occurring at up to five loci and possibly impacting inferences on 
parentage. Thermal tolerance challenges were applied in triplicate to offspring mixtures 
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from different crosses. Challenge protocols were based on the Critical Thermal 
Maximum (CTM) method and were applied on yolk sac larvae (48h post hatching) or on 
phase I (2.5 inch) release-sized juveniles. The effect of temperature on larval yolk 
resorption time was characterized at a series of elevated temperatures. Thermal tolerance 
challenges revealed a positive ontogenetic shift in thermal tolerance from the larval 
(CTM estimate 25.4°C±1.2°C) to the phase I juvenile stage (CTM estimate 
35.8°C±0.7°C). Available water temperature data indicated that upper thermal tolerance 
of age-0 Gulf striped bass is likely not exceeded in culture ponds or the lower Pearl and 
Pascagoula Rivers. Exposure to elevated temperature (22.1°C to 24.0°C) led to a 23% 
reduction of the larval yolk resorption time resulting in a substantially shorter time-
window when larvae can initiate exogenous feeding in comparison to groups maintained 
at a control temperature of 19°C. No significant genetic effects on the thermal tolerance 
of larvae were detected during analysis of the thermal tolerance of 48h old larvae from 11 
crosses. Further assessment of striped bass thermal tolerance at older life stages and 
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Biology of the Striped Bass 
The striped bass (Morone saxatilis, Walbaum) is an anadromous fish of the family 
Moronidae native to coastal waters of eastern North America. The species naturally 
occurs from the St. Lawrence River, Quebec, Canada to the St. Johns River, Florida, 
USA (Fruge 2006) and historically occupied Gulf of Mexico river drainages from the 
Lake Ponchartrain basin in Louisiana eastward to the Suwannee River in Florida and 
Georgia (Barkaloo 1970; Wooley and Crateau 1983).  
Adult striped bass leave marine waters and ascend coastal rivers on spawning 
migrations in the spring. Spawning of buoyant (Mansueti 1958) or semi-buoyant eggs 
(Merriman 1937) occurs at water temperatures of 16°C to 20°C. Pelagic eggs and larvae 
drift for a period of 27 to 76 days, depending on flow rate (data from Atlantic 
populations; ASMFC 2009) to reach estuaries where juvenile settlement occurs. Juvenile 
striped bass remain in inshore areas (Fruge 2006). Adult striped bass move into open 
coastal waters to forage on a variety of foods, including fish, squid, shrimp, and crabs 
(Scott and Scott 1988). Eastern seaboard stocks are known to migrate up to 1126 km 
between North Carolina and Canada in search of food (Mansueti and Hollis 1963), while 
Gulf of Mexico stocks remain nearer to natal estuaries (Fruge 2006), straying 170 km or 
less (Nicholson 2001).  
Striped bass grow up to 2 m (Page and Burr 1991), may weigh up to 57 kg 
(Eschmeyer et al. 1983) and are a highly sought after sport fish. Because of this the 
species has been widely introduced outside its native range, beginning as early as 1879 in 
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California (Scofield 1931). Currently there are established populations in countries in 
South America (FAO 1997, Vigliano and Derrigran 2002), Asia (Coad 1995; Frimondt 
1995; Innal and Erk'akan 2006), and Africa (Welcomme 1988), including in landlocked 
freshwater systems. 
Striped bass were commercially and recreationally important in Mississippi, 
Alabama, and Florida (McIlwain 1980) but experienced a severe decline in the Gulf of 
Mexico region that ended with complete extirpation in most Gulf rivers by the early 
1960s. By that time only a few small reproducing populations remained in the 
Apalachicola-Chattahoochee-Flint River system (ACF; Brown 1965; Barkaloo 1970, 
Crateau et al. 1981 cited by Fruge 2006). The decline of Gulf of Mexico striped bass 
populations is hypothesized to have been caused by a number of factors, including 
pesticides and other contaminants in the water, artificial water control structures blocking 
access to habitat and altering flows, and channelization of rivers (Fruge 2006). Since the 
1960s state and federal agencies have stocked historically-occupied Gulf drainages with 
Atlantic coast and, later, ACF origin striped bass. Whether self-sustaining populations 
have been established in these drainages is questionable. Although natural reproduction 
in Mississippi rivers has not been formally ruled out, the current perception is that 
recruitment in these populations depend exclusively on hatchery propagation. 
Population Restoration 
In Mississippi the goals of the interagency striped bass Fishery Management Plan 
include establishing self-sustaining populations in the Pearl and Pascagoula Rivers (Fruge 
2006). This will require both hatchery-based reintroductions and successful natural 
spawning in these drainages. There are several critical considerations when rebuilding a 
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population of a species. Are there suitable habitats for the life cycle of the species to 
complete successfully? What are the conditions including age/life stage at release, 
habitats and release sites that will maximize survival of released individuals? What is the 
most suitable genetic origin for individuals stocked, and how should genetic diversity be 
managed during reintroduction? Addressing these questions and determining the success 
of reintroductions and their effects provides a scientific basis for stocking and allows the 
determination of best management practices (e.g. Hines et al. 2008; Tringali et al. 2008). 
Considering the genetic origin of fish to be released and management of genetic diversity 
in the re-established population are essential to avoid declines in fitness due to inbreeding 
that are often associated with supportive breeding (Wirgin et al. 2005; Allendorf and 
Luikart 2007) and to maintain the adaptive evolutionary potential of populations (Lacy 
1993, 1997).   
The Mississippi Department of Marine Resources (MDMR) and the University of 
Southern Mississippi Gulf Coast Research Laboratory (GCRL) collaborate to raise, 
release, and evaluate the reintroduction of striped bass into Mississippi coastal rivers 
under an adaptive management plan. The relative success of stocking two sizes/ages of 
juveniles is assessed by analyzing returns from a fishery-dependent angler reporting 
program. Production of phase I (50mm TL) and phase II (150mm TL) fingerlings is 
completed at MDMR’s Lyman Fish Hatchery. Phase II fish are tagged using external tags 
prior to release while the identification of phase I fish post release relies on genetic 
tagging (see below).  Both sizes of fish are released at five release sites sharing shallow 
slow-moving river or estuarine conditions including the Pearl River at Curtis Johnson 
Park, the Tchoutacabouffa River at Parker’s Creek, Biloxi Bay at Popps Ferry Road, Fort 
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Bayou at Bristol Street, and the Pascagoula River at Indian Point. Phase I fish are 
released in May or June while phase II fish are released from November through 
February depending on environmental conditions, growth, and health. 
The program assesses seasonal habitat availability, quality, and use by tracking 
adult striped bass implanted with ultrasonic tags. Suitable habitat in Mississippi coastal 
rivers and estuaries is modeled in a geographic information system framework to identify 
restoration bottlenecks (Dieterich 2010). Deiterich (2010) identified suboptimal or 
unsuitable summer water temperatures and dissolved oxygen levels for adult striped bass 
in Biloxi Bay river systems and determined that a lack of access to cool water thermal 
refuges may limit survival and/or sexual maturation. Genetic assessment of the 
reintroduced population is conducted by tracking parental origin of recaptured fish using 
molecular pedigrees and assessing genetic diversity and effective population size of 
released and recaptured fish. In total the program has released over 12 million fish since 
1969. Since the program resumed after Hurricane Katrina in 2005, 217,736, 153,262, 
401,840, and 282,390 phase I fish were released in 2008, 2009, 2010, and 2011 
respectively. In 2009 20,372 phase II striped bass were released and 39,617 were released 
in 2010.  
Study Hypotheses and Rationale 
A primary objective of genetic management of striped bass restoration is to 
rebuild robust and genetically diverse populations in Mississippi bay systems using 
current ACF genetic material. Gulf populations were historically differentiated from 
Atlantic populations by higher lateral line scale counts (Brown 1965) and mitochondrial 
DNA haplotypes (Wirgin et al. 2005). Gulf of Mexico striped bass also differ from 
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Atlantic striped bass in their life history by being mostly restricted to their natal streams 
and estuaries showing relatively little seaward migration (Wirgin et al. 2005). Repeated 
use of Atlantic fish for stocking in Gulf rivers however led to large introgression of 
Atlantic genomes (Wirgin et al. 2005; Fruge 2006), and current Gulf striped bass are 
considered to form a hybrid swarm between the two lineages (I. Wirgin, New York 
University School of Medicine, personal communication). A critical concern is whether 
introduced (hybrid) populations carry the genetic resources that will allow them to adapt 
to environmental conditions of receiving habitats (FAO 1993).  
Environmental factors, such as water temperature and discharge rates, affect 
critical life history parameters such as egg viability and larval survival (Fruge 2006) that 
are important determinants of year class success and recruitment in self-sustaining 
populations (Rulifson et al. 1982 cited by Fruge 2006). While fitness may be impacted by 
thermal tolerance at various life history stages, tolerance to high temperatures at early 
larval stages may be a primary determinant of survival because of the reduced mobility of 
newly hatched larvae that limits avoidance capability. Small (3 – 7mm TL) planktonic 
eggs and yolk-sac larvae drift in the lotic environment for approximately two weeks 
(Rathjen and Miller 1957; Mansueti 1958) and may be carried into river areas of 
relatively high temperature before or at settlement between March and May. These 
conditions could exceed their upper thermal tolerance and result in mortality leading to 
low levels of recruitment Indeed, artificial water control structures, such as locks and 
dams, are common in the Southeastern U.S. (e.g. Jim Woodruff Dam constructed 1957 on 
the Apalachicola River and Ross Barnett Dam constructed 1963 on the Pearl River) and 
may contribute to warming of surface waters encountered by larvae and postlarvae. In 
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addition, striped bass larvae raised during the Mississippi program are stocked into 
shallow hatchery ponds (1.8m) at or before first feeding and may be subjected to 
temperature fluctuations at that time. Intolerance of larvae and juveniles to high 
temperature conditions in these shallow ponds and inability to escape these conditions 
could result in die-off during early rearing. Released juveniles inhabiting shallow 
estuaries may experience similar rapid heating conditions and associated mortality. 
Genetic factors may be involved in temperature induced mortality at that stage if thermal 
tolerance varies among genotypes. Genetic variance for phenotypic traits such as thermal 
tolerance in current Gulf striped bass may be due to existing variance within the strain 
prior to restoration and/or to the mixing of Gulf and Atlantic genotypes during early 
reintroduction efforts, in particular if the two strains differed in genetic value for this 
trait. 
 Knowledge of the magnitude of genetic variance and heritability of thermal 
tolerance is essential in order to determine the potential of Gulf striped bass to evolve and 
adapt to changing temperature. In addition, aquaculture conditions, in particular rapid 
heating in shallow aquaculture ponds during early larval rearing phases, may lead to 
selection of genotypes tolerant to high temperature contributing to decreased genetic 
diversity of re-established stocks which is contrary to restoration program goals.  
Fruge (2006) recommended investigating various biological/physiological 
characters of Gulf striped bass, determining their heritability, and assessing their status in 
the population. While not listed explicitly, thermal tolerance of larvae and juveniles is a 
critical physiological parameter which should be investigated as discussed above. The 
aim of this study is to characterize the tolerance of age-0 (larvae and phase I) Gulf striped 
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bass to high temperatures and the genetic basis of this trait using experimental thermal 
challenges. In the second chapter of this work, molecular markers were optimized and 
evaluated for parentage and pedigree analysis in striped bass. The markers were needed 
to interpret the results of genetic experiments (see Chapter III) and also to conduct the 
genetic monitoring of the restoration program. In the third chapter the upper thermal 
tolerance of age-0 Gulf striped bass was investigated using a series of thermal challenges. 
A first assessment of genetic variance for thermal tolerance of Gulf striped bass larvae 
was conducted based on data from offspring from multiple crosses tested in the same 































DEVELOPMENT AND ASSESSMENT OF A PANEL OF MOLECULAR MARKERS 
FOR PEDIGREE RECONSTRUCTION AND GENETIC TAGGING 
Introduction 
Molecular genetic markers have become a common means of identifying 
populations and individuals for wildlife management and conservation studies (Sunnucks 
2000; Allendorf and Luikart 2007). Applications of molecular markers in ecology are 
very diverse and include detecting population structure, estimating current and historical 
migration rates and effective population size (Beerli and Felsenstein 2001), inferring the 
demographic history of populations (Corander and Marttinen 2006; Cornuet et al. 2008), 
studying hybrid zones (Boyer et al. 2008; Muhlfeld et al. 2009), assessing inbreeding of 
individuals and populations, inferring relatedness and parentage (Blouin 2003; Jones et 
al. 2010), and use as a natural tags in mark-recapture studies (Tringali 2006; Karlsson et 
al. 2008). Currently the most popular molecular markers for parentage analysis and 
population delineation are microsatellites (also known as simple sequence repeats or 
SSR), which are arrays of tandemly repeated short (2-6 nucleotide) sequences in the 
DNA (Allendorf and Luikart 2007). Microsatellites have several advantages for 
population genetic studies including predictable Mendelian co-dominant inheritance, high 
variability leading to high power during inference on parentage, straightforward assay 
and the possibility to develop high throughput multiplex assays (see Renshaw et al. 2006, 
2007). These characteristics make microsatellites particularly well-suited for genetic 
fingerprinting which is used in mark and recapture studies and to forensically identify 
individuals for law enforcement. Considering the needs of the genetic monitoring 
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program for striped bass, microsatellites were chosen to develop a genetic tagging 
method to track striped bass released in Mississippi bays and estuaries and also to 
identify parentage of fish from multiple family groups mixed in the same aquariums 
during common garden experiments implemented in the present work. The focus of this 
portion of the research was to develop high throughput multiplex assays of microsatellite 
markers and to evaluate their suitability for parentage analysis in Gulf striped bass. 
Parentage Analysis 
Parentage analysis is a valuable tool in molecular ecology (Jones et al. 2010). The 
ability to distinguish individuals and assign parentage via analysis of molecular markers 
is especially precious in genetic experiments based on the common garden design. In this 
design multiple genetic groups are mixed in the same aquariums from early life stages, 
when physical tagging is not possible, and parentage is determined a posteriori based on 
molecular pedigrees (Kruuk et al. 2000; Garant & Kruuk 2005). This technique allows 
estimation of genetic parameters for traits measured in a controlled and identical 
environment for all family groups. Parentage analysis is also helpful for estimation of 
survival and recruitment of fish during captive propagation programs (“genetic tagging” 
Dow and Ashley 1996; Hardesty et al. 2006; Karlsson et al. 2008). Advantages of genetic 
tagging over traditional tagging methods include non-invasive recovery of the genetic 
tags (genetic identification only requires a small piece of fin for assays) and the unlimited 
number of fish that can be tagged (all fish produced in an experiment carry their tag once 
parental genotypes are acquired). Finally, molecular tags provide additional information 
to the experimenter on genetic diversity, effective population size and inheritance of traits 
as discussed above.  
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Exclusion and categorical allocation are the most widely used methods of 
parentage analysis (Jones and Ardren 2003; Jones et al. 2010). Exclusion methods use the 
rules of Mendelian segregation to match offspring with putative parents based on allele 
sharing, and to exclude parents with incompatible genotypes. Categorical allocation 
methods choose the most likely parent or parent pair for an offspring, usually using a 
likelihood ratio approach. In both methods genotyping errors and mutations can be 
accommodated (Jones et al. 2010). A set of molecular markers is suitable for parentage 
analysis if the loci included are highly polymorphic, conform to Mendelian inheritance 
rules, are unlinked, have high heterozygosity, and show low occurrence of null alleles 
(Jones et al. 2010).  
The power of candidate panels of markers for parentage assignment can be 
determined a priori using simulations once the parental genotypes and the frequencies of 
alleles in the reference population from which parents are drawn are known. The 
reference population is assumed to adhere to a series of assumptions, including random 
mating, leading to predicted frequencies of genotypes at genetic loci according to the 
Hardy-Weinberg theorem (Hartl and Clark 1997). The conformance of genotypic 
proportions to expectations under random mating thus needs to be tested. The 
assumptions of strict Mendelian inheritance, neutral evolution, and absence of null alleles 
or stuttering also need to be tested as their violation would impact the inferred likelihood 
of parentage. Data analysis in this section thus focuses on testing the validity of the 
assumptions for a candidate suite of microsatellites used in on-going monitoring 
programs of Gulf striped bass. The power of the suite of markers for parentage analysis 
was assessed using simulations.  
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Materials and Methods 
Marker Optimization 
Assays for 11 microsatellite markers used by the U.S. Fish and Wildlife Service 
(USFWS) Warm Springs Fish Technology Center (WSFTC) Conservation Genetics 
Laboratory were optimized in our laboratory. Optimization was performed using DNA 
obtained from tissue samples (primarily fin clips) collected on juveniles striped bass and 
preserved in 95% ethanol until laboratory analysis. DNA extraction was performed using 
a standard phenol-chloroform method in our laboratory. Microsatellite primers Msm 
1357, Msm 1429, Msm 1556, Msm 1558, Msm 1559, Msm 1584, Msm 1591, Msm 1592, 
and Msm 1602 (Rexroad et al. 2006) were pooled into three multiplex cocktails for 
polymerase chain reactions (PCR) containing four, four, and three primer pairs, 
respectively (panels 1, 2, and 3, respectively; Table 1). Microsatellite primers and panel 
arrangements were those used by USFWS. Forward primers were labeled with FAM, 
HEX, or NED fluorescent labels. Each PCR reaction contained 1.25 µL DNA, 0.0625 – 
2.5 pmol of each forward and reverse primer, 25 mmol Magnesium Chloride, 10 mmol 
each dNTP, 1.25 µL 5x Colorless GoTaq Flexi Buffer (Promega, Madison,WI), and 
ultrapure water to a final reaction volume of 6.25 µL. Amplification optimization led to a 
specific thermocycling protocol for each panel that maximized PCR product yield for 
each marker and allowed reliable scoring of chromatograms. Thermocycling protocol for 
Panel 1 was 10 min initial denaturation at 95°C, seven cycles of 95°C for 30 s, 62°C for 
30 s, 72°C for 45 s, seven cycles of 95°C for 30 s, 59°C for 30 s, 72°C for 45 s, five 
cycles of 95°C for 30 s, 56°C for 30s, 72°C for 45 s, 20 cycles of 95°C for 30 s 56°C 
decreasing 0.03°C each cycle to reach 50°C for 30 s, 72°C for 30 s, and a final elongation 
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at 72°C for seven min. Thermocycling protocol for Panel 2 was 10 min initial 
denaturation at 95°C, seven cycles of 95°C for 30 s, 62°C for 30 s, 72°C for 45 s, seven 
cycles of 95°C for 30 s, 56°C for 30 s, 72°C for 45 s, 25 cycles of 95°C for 30 s, 52°C for 
30 s, 72°C for 45 s, and a final elongation at 72°C for seven min. Thermocycling protocol 
for Panel 3 was 10 min initial denaturation at 95°C, seven cycles of 95°C for 30 s, 62°C 
for 30 s, 72°C for 45 s, seven cycles of 95°C for 30 s, 56°C for 30 s, 72°C for 45 s, 25 
cycles of 95°C for 30 s, 50°C for 30 s, 72°C for 45 s, and a final elongation at 72°C for 
seven min. PCR was performed using MyCycler™ thermal cyclers (BioRad). PCR 
products were diluted 1:10 before mixing 1:1 with a loading solution (deionized 
formamide, blue dextran EDTA, and size standard).  Separation by electrophoresis and 
visualization of PCR products was performed with an ABI 377 Genetic Analyzer 
(Applied Biosystems) using 12 cm 5.5% denaturing polyacrylamide gel. Gel images were 
analyzed with Genescan v 3.1.2 (Applied Biosystems) and fragments sized with 
Genotyper v 2.5 (Applied Biosystems). 
 
Table 1  
 
Primer quantity (pmol per 6.25 µl reaction) and fluorescent labels for 11 microsatellites 
included in three multiplex PCR panels for genetic characterization of Gulf striped bass. 












Msm 1556 1.25 6-Fam 
Msm 1559 1.875 6-Fam 
Msm 1584 1.25 Hex 
















Msm 1591 0.625 Ned 
Msm 1602 0.625 Hex 
Msm 1626 2.5 6-Fam 




Msm 1357 1.25 6-Fam 
Msm 1429 1.875 Hex 




Mendelian inheritanceof the 11 microsatellite markers was tested by comparing 
genotype frequencies in offspring from six mating pairs to those expected based on 
parental genotypes and assuming Mendelian segregation of alleles. Genotypes of parents 
and offspring were obtained during the experiments evaluating genetic effects on thermal 
tolerance (see Chapter III). A χ2 goodness of fit test was used (Allendorf and Luikart 
2007) to test conformance of genotype proportions to expectations. Mendelian tests were 
conducted in full-sib families from which more than 30 offspring genotypes were 
available at the tested marker.  
Conformance to Hardy-Weinberg Equilibrium Expectations and Tests of Scoring 
Artifacts 
Conformance of genotypic proportions to Hardy-Weinberg expectations and 
possible occurrence of scoring artifacts were evaluated based on genotypes of 87 wild 
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ACF striped bass used as part of the 2009 Gulf striped bass broodstock program. All fish 
were genotyped at the three multiplex panels described above.  
Exact tests of conformance of genotypic proportions to Hardy-Weinberg 
equilibrium (HWE) expectations were implemented in GENEPOP v1.2 (Raymond and 
Rousset 1995). The exact probability value for each test was estimated using a Markov-
chain Monte Carlo approach (Guo and Thompson 1992) with 10,000 dememorizations 
(burn-in steps), 500 batches and 5000 iterations per batch. Accuracy of the estimated 
probability values by the Markov chain algorithm was verified based on observation of 
the low standard error of estimates and the high number of sample configuration changes 
during the MC run as recommended by Raymond and Rousset (1995). Bonferroni 
sequential correction (Rice 1989) for multiple tests performed simultaneously was 
applied to determine significance of tests for each locus accounting for the number of loci 
tested (11). 
The program Micro-Checker v. 2.2.3 (Van Oosterhout et al. 2004) was used to 
evaluate possible occurrence of null alleles, large allele dropout and stuttering impacting 
scoring. The same samples and loci were amplified under conditions at WSFTC 
Conservation Genetics Laboratory and GCRL and the data was used to align allele sizing 
between the two laboratories and facilitate comparison of results and data sharing.  
Assessment of the Power of the Marker Set for Parentage Analysis 
The power of the markers utilized in this work for parentage analysis was 
evaluated using simulations in the program Cervus v. 3.0 (Marshall et al. 1998; 
Kalinowski et al. 2006). These simulations used 199 wild striped bass genotypes from 
across the Gulf strain distribution to determine allele frequencies at the 11 loci. Both 1% 
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and 5% genotyping error rates were used in simulations, and it was assumed 50% of 
parents were sampled. Genotyping error rates of 1% and 5% were chosen to frame the 
range of values empirically determined in studies. Parental genotypes were generated by 
randomly choosing alleles at each locus. Genotypes of ten thousand offspring of the 
parents were then simulated based on Mendelian principles. Genotypes of 10,000 random 
individuals unrelated to the simulated parents were also simulated based on allele 
frequencies at each locus in the reference population (199 broodstock used in the 2009 
stocking program, see above). The likelihood of all possible parental pairs and the 
associated LOD (logarithm of odds) score were then calculated using the likelihood ratio 
LOD = Ln [L(Parent offspring relationship) / L(No relationship)] 
Critical values of LOD scores were determined based on the simulated LOD score 
distribution to achieve frequency of type I error rates (failure to assign simulated true 
offspring to their parents) of 1 and 5%. The frequency of type II errors (incorrectly 
assigning a random offspring to a parental pair when both parents are sampled) was 
determined based on the simulated LOD score distribution.  
Results 
Mendelian Inheritance 
In two of 23 analyses which could be performed there was significant departure 
from expectation (Table 2). Cross ♀506 x ♂525 parental genotypes (in base pairs, 
reported as allele 1/allele 2) at locus Msm 1628 were 164/200 and 164/172 for dam and 
sire respectively. Offspring genotypes 164/164, 164/172, 164/200, and 172/200 were 
expected at a 1:1:1:1 ratio but occurred in the ratio 1.40:0.84:0.82:0.94, suggesting large 
allele dropout. Locus Msm 1628 exhibited a departure from expected offspring genotype 
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ratios in cross ♀1661 x ♂1659. Parental genotypes were both 164/180. Offspring 
genotypes 164/164, 164/180, and 180/180 were expected to occur in the ratio 1:2:1 
respectively. Observed genotype ratios were 1.36:1.93:0.71. The significant departure 
from expectation was mainly caused by a deficit of the large allele heterozygote genotype 
and may reflect large allele dropout or possible scoring errors. 
 




 analysis of Mendelian inheritance of genotypes for six striped bass families. 




















♀506 x ♂525 
 Msm 1429 35 3 1:1:1:1 3.97 3 
 Msm 1591 278 3 1:1:1:1 0.62 3 
 Msm 1602 280 3 1:1:1:1 0.36 1 
 Msm 1626 278 3 1:1:1:1 0.06 1 
  Msm 1628 277 3 1:1:1:1 15.38* 3 
 
♀1653 x ♂1656 
 Msm 1357 38 3 1:1 1.68 3 
 Msm 1591 37 3 1:1 0.24 3 
 Msm 1602 35 3 1:1:1:1 0.77 3 
 Msm 1626 37 2 1:2:1 0.89 1 
 Msm 1628 35 4 1:1:1:1 1.00 6 
 
♀1654 x ♂1655 
 Msm 1357 37 2 1:1 2.44 1 
 Msm 1591 37 2 1:1 3.27 1 
 Msm 1602 37 2 1:1 0.24 1 
 Msm 1626 37 4 1:1:1:1 2.46 6 



























♀1654 x ♂1659 
 Msm 1357 47 3 1:1 1.43 3 
 Msm 1602 45 3 1:1 1.09 3 
 Msm 1626 47 3 1:1:1:1 2.79 3 
 Msm 1628 44 4 1:1:1:1 0.00 6 
 
♀1661 x ♂1659 
 Msm 1357 70 3 1:1:1:1 2.46 3 
 Msm 1602 97 3 1:1:1:1 3.33 3 
 Msm 1626 119 3 1:1:1:1 7.21 3 
 Msm 1628 118 2 1:2:1 6.25* 1 
 
 
Population Level Assumptions and Tests of Scoring Artifacts  
Genotype frequencies at seven loci departed significantly from HWE after 
Bonferroni correction (Table 3). An excess of homozygotes across the allele size range 
was detected for three of 11 loci suggesting occurrence of null alleles at these loci. Large 
allele dropout was inferred from a deficit in the frequency of heterozygotes involving 
large alleles at loci Msm1556, Msm1591 Msm1602, and Msm1626. There was no 














Table 3  
 
Analysis of null alleles and disequilibrium in 11 loci of 87 ACF striped bass broodstock 
used during the 2009 breeding season. P, probability of departure from Hardy-Weinberg 


















    
0.0393 
Msm1429 Yes   0.0142 
Msm1558 Yes   0.0001 
Msm1556 Yes Yes Yes 0.0019 
Msm1559 Yes   0.0007 
Msm1584    0.1690 
Msm1592 Yes Yes  0.0000 
Msm1591 Yes  Yes 0.0020 
Msm1602   Yes 0.5522 
Msm1626 Yes Yes Yes 0.0000 
Msm1628    0.0037 
 
 
Assessment of the Power of the Marker Set for Parentage Analysis 
Critical LOD score values and type II error rates were determined for the 
combination of all multiplex assay panels (Table 4). Critical LOD values at 1% and 5% 
type I error rates were the LOD values capturing 99% and 95%, respectively, of 
simulated true offspring. Simulated distributions (Figure 1) had less overlap and the 
power of the markers was higher when both parent sexes were known and when the 
genotyping error rate was set at 1%.  As type I error rate was increased the rate of type II 
errors decreased. Assuming a conservative type I error rate of 5%, the threshold LOD 
score defined to retain 95% of true offspring of the parents led to a type II error of only 
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2.25%. If a type I error rate of only 1% is desired, type II error rates become substantial 
(10% or higher). 
 
Table 4  
 
Simulated Critical LOD scores assuming 1% and 5% genotyping error rates for 
discriminating true parental pair – offspring relationships of Gulf striped bass using 




































Known 0.05 5.50 0.1166 8.20 0.0225 
Unknown 0.01 7.76 0.0010 11.81 0.0004 



















































Figure 1. Distributions of LOD scores of simulated offspring from the 2009 hatchery 
broodstock (open columns) and unrelated (filled columns) offspring from the reference 
wild population (Apalachicola River) assuming genotyping error rates of 1% (A) and 5% 
(B) and known parental sexes. Critical LOD scores at type I error rates of 1% and 5% 




The objective of this section of the research was to develop efficient high 
throughput assays for selected microsatellite markers and to evaluate their suitability for 
parentage studies and genetic monitoring of Mississippi striped bass. The microsatellite 
loci selected for evaluation were those employed in monitoring of other striped bass 
restoration programs. The 11 microsatellites were combined for simultaneous 
amplification and electrophoresis in three multiplex panels containing 3 (one multiplex 
panel) to 4 (two multiplex panels) microsatellites each, allowing efficient high throughput 
assay of samples.  
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Segregation analyses conducted in selected controlled crosses generally indicated 
conformance of offspring genotype proportion to Mendelian predictions with the 
exception of two marker × mating pair combinations where departure from Mendelian 
proportions reflected large allele dropout. Analysis in Microchecker indicated occurrence 
of scoring artifacts (null alleles and large allele dropout) for seven of the loci including 
the two loci discussed above. Scoring errors due to null alleles and large allele dropout 
lower the power of impacted markers for parentage assignment as they lead to 
mismatches between offspring genotypes and expectations based on parental genotypes, 
and also to incorrect allele frequencies in the reference population. These results bring 
into question the suitability of the 5 impacted microsatellites for parentage studies. The 
inferences in Microchecker need however to be taken with caution. Indeed, significant 
departure of genotype proportions from expectations Hardy-Weinberg expectations was 
observed in the reference population for seven loci, including some loci where no scoring 
artifact was inferred in Microchecker. The observed departure from Hardy-Weinberg 
expectations was a deficit in heterozygotes at all the loci. A deficit in heterozygotes may 
be due to inbreeding and/or non-random mating within the ACF population from which 
the broodstock analyzed were taken. The latter scenario is referred to as the Wahlund 
effect (Wahlund 1928) and cannot be rejected in the present case, considering that the 
ACF broodstock analyzed were taken from several locations within the system both 
above and below Jim Woodruff Lock and Dam. It is also possible that captive 
propagation led to skewed reproductive success in favor of a small number of families 
thereby increasing probability of identity by descent and inbreeding. In both scenarios, 
the deficit in heterozygotes induced would impact analyses in microchecker to detect null 
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alleles and large allele dropout because these inferences are based on the observation of a 
deficit of different classes of heterozygotes in the reference population. Further 
examination of inbreeding and population structure within the ACF system seems 
warranted and would allow more robust evaluation of the suitability of molecular markers 
for parentage studies once the effects of population structure and/or inbreeding can be 
accounted for.  
Simulation analyses indicated that the power of the panel of markers tested in this 
work was acceptable when a 5% type I error rate was considered (type II error rate was 
less than 2.5% in that case). Because of the lack of evidence for successful natural 
reproduction in Mississippi rivers to date, the ability to discriminate offspring of hatchery 
origin from wild conspecifics with higher certainty may be necessary in order to ensure 
unambiguous identification of any wild-spawned individuals among the striped bass 
captured in the natural environment. Meeting this objective may require achieving both 
type 1 and 2 error of 1% or less. On another hand, the power of the current set of markers 
appears sufficient for use in parentage analysis during common garden challenge 
experiments. 
In conclusion, investigation of substituting some of the current markers or 
increasing the number of markers used may be necessary in order to increase the power 
of the panel for genetic tagging of stocked Gulf striped bass, and to avoid impacts of null 
alleles and large allele dropout on parentage analyses if these artifacts are confirmed. 
These modifications of the current panel of microsatellite would not be difficult 
considering that there are currently over 500 microsatellite loci available for use in 




THERMAL TOLERANCE: ONTOGENETIC AND GENETIC EFFECTS 
 
Introduction 
Recruitment of striped bass and of many fishes with high fecundity and high 
mortality during early life is often highly variable and these variations have been related 
to environmental fluctuations in several studies (see Logan 1985). Variation in water 
quality, in particular temperature, can have major effects on survival at early stages, 
making tolerance to these fluctuations a potentially important fitness trait.  
Most studies of the thermal tolerance range of populations and species have 
focused on characterizing thermal tolerance in terms of survival or determining 
temperature preferences of fish. The earliest research into the effects of temperature on 
fish dates to the 1800s (Beitinger et al. 2000), but the most influential modern work was 
conducted by Fry (1947) who used temperature challenges on fish to determine lethal 
upper and lower temperatures. Environmental temperature was later identified as the 
abiotic “master factor” in fishes by Brett (1971). Since that time there have been a variety 
of methods employed to determine tolerance to high and low temperatures in fishes. The 
thermal challenges that have been employed to characterize fish tolerance to high or low 
temperature are related to two main approaches. Fry’s Incipient Lethal Temperature 
(ILT) is intended to determine the temperature that is lethal to 50% of a test group by 
directly plunging groups of fish into water ranging in temperature near the estimated 
upper or lower temperature for the species. In contrast, the Critical Thermal Methodology 
(CTM) involves a progressive increase of temperature from an acclimation temperature 
to a lethal or sub-lethal point. While both approaches have their limits with regards to 
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assessment of temperature tolerance in the wild, the CTM is considered to approximate 
natural conditions better than static methods such as the ILT (Beitinger et al. 2000).  
Effects of water temperature on fitness can also be indirect. Water temperature 
impacts several life history traits such as developmental rate and conformation, 
endogenous feeding rate, sensitivity to other environmental stressors such as hypoxia 
(Vaquer-Sunyer and Duarte 2008) or to pathogens, and even larval fish behavior 
(Fukuhara 1990, Pepin 1991). All these effects have consequences that may impact 
individual fitness. Temperature’s effect on early developmental rate is particularly 
important, as it can trigger skeletal deformities (Georgakopolou et al. 2007) and influence 
the onset of exogenous feeding. Indeed, once endogenous food sources (i.e., yolk sac and 
oil droplet) are exhausted, many fish species experience a critical period when they must 
feed or rapidly starve to death (Jobling 1995). Once past the critical point, a larva will not 
be able to survive even if it initiates feeding because it cannot make up its energy deficit. 
Individual thermal tolerance and preference depends on several factors. As larval 
and juvenile fish grow there is a demonstrated ontogenetic shift in thermal preference 
(McCauley and Huggins 1979) and likely a shift in thermal tolerance, highlighting the 
need to evaluate thermal tolerance at different life stages. Physiological condition and 
nutritional factors have also been shown to influence thermal tolerance in some fishes 
(Craig et al. 1995). Relative to the tolerance of larval fish, various factors such as parental 
(mainly maternal) influences on the quality of eggs (Brooks et al. 1997) could affect the 
thermal tolerance of offspring from different females. Finally, genetic factors may also 
contribute to thermal tolerance of fish at various life stages. 
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Several studies have examined genetic variance and heritability of thermal 
tolerance for fishes (e.g., Meffe et al. 1995; Baer and Travis 2000; Charo-Karisa et al. 
2005; Ma et al. 2007; Saillant et al. 2008). While these studies employed a variety of 
protocols to assess tolerance to high or low temperature, results were in general 
consistent with a moderate to low heritability of the trait measured with some indication 
that non-additive genetic effects account for a significant component of genetic variance 
(e.g. Cnaani et al. 2000; Baer and Travis 2000). The CTM and related challenge protocols 
allow for a direct quantification of individual thermal tolerance under the conditions of 
the thermal challenge applied. This approach implemented using common garden 
experimental designs is thus the most cost effective in order to assess genetic effects on 
thermal tolerance as it allows simultaneous evaluation of large numbers of genetic groups 
(families) in one single challenge. The approach requires tracking the pedigree of tested 
individuals. The latter is easily achieved through the use of modern tagging methods 
(e.g., using molecular pedigrees). Molecular pedigrees are especially precious when 
dealing with larval fish which cannot be tagged with physical tags. 
For Chapter III, thermal tolerance of striped bass larvae and juveniles was 
evaluated. Larvae were evaluated due to their fragility which likely translates to high 
sensitivity to stress induced by even moderate temperature changes. The relationship of 
the rate of yolk-sac resorption to temperature was characterized at three temperatures 
close to the critical thermal maximum (CTMax) to determine the effects of temperature 
on developmental rate and the critical period discussed above. Parental effects on thermal 
tolerance in Gulf striped bass were studied by assessing thermal tolerance in series of 
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experiments involving controlled crosses and in order to provide a first characterization 
of genetic effects on tolerance to high temperature in Gulf striped bass larvae. 
As they develop into juveniles, striped bass make their way down rivers and settle 
in shallow brackish estuaries. These habitats are likely to observe fluctuating water 
temperatures in localized areas. Phase I striped bass are released into these types of 
habitat, and while stocking is done into the most suitable habitat available at the time of 
release, fish may encounter variable environmental conditions after release. To determine 
what conditions phase I striped bass are able to tolerate, the CTMax of Gulf striped bass 
was determined from a series of experiments. Results of the challenge on phase I fish 
were compared to those of Cook et al. (2006) in order to determine population level 
differences between Gulf of Mexico and Atlantic (Shubenacadie River, Nova Scotia, 
Canada) striped bass as recommended by Fruge (2006). 
Materials and Methods 
 
Thermal Tolerance of Striped Bass Larvae 
Experimental Animals 
 
For larval thermal challenges, striped bass eggs were obtained from brood fish 
spawned at WSFTC, USFWS Welaka National Fish Hatchery, and Alabama Department 
of Conservation and Natural Resources Marion Fish Hatchery. Parental fish were 
captured in West Point Lake, Georgia (1 dam and 2 sires), Appalachicola and 
Chattahootchie Rivers, Florida (3 dams and 6 sires), and Lake Martin, Alabama (2 dams 
and 3 sires), respectively. Broodfish were allocated to mating sets that included one or 
two females each crossed with two to three males each for spawning. Each challenge 
experiment employed offspring from the mating sets (1 to 5) that could be spawned 
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simultaneously on the date of the experiment using strip spawning and tank spawning. 
Challenge experiments were performed on 4 different dates: April 20, 2010 (1 mating 
set); April 26, 2010 (1 mating set); April 28, 2010 (2 mating sets); and May 1, 2010 (1 
mating set).  For each experiment eggs from available mating sets were mixed in the 
same common garden tanks from the fertilization stage. Eggs were hatched in McDonald-
type hatching jars that emptied into aquariums to retain yolk-sac larvae before transfer to 
experimental aquariums. Eggs and larvae were reared and experimented on at WSFTC in 
April 2009. 
To assess thermal effects on larval yolk resorption, striped bass eggs were 
obtained from brood fish spawned at WSFTC. Parental fish were captured in West Point 
Lake, Georgia, a reservoir on the Chattahootchie River. Offspring were produced from 
eight families (4 dams, 8 sires allocated to mating sets involving 1 dam crossed with 2 
different sires as before) using tank spawning. Challenge experiments were conducted on 
three different dates as above: April 11, 2011 (1 mating set); April 13, 2011 (1 mating 
set); April 17, 2011 (2 mating sets). Eggs were hatched in McDonald-type hatching jars 
that emptied into aquariums to retain yolk-sac larvae before they were transferred to 
experimental aquariums 1.5-2 days post-hatch. Eggs and larvae were reared and 
experimented on at WSFTC in April 2010. All animals were handled in accordance with 
University of Southern Mississippi IACUC protocol 10100108. 
Assessment of Larval Thermal Tolerance 
The experimental setup was composed of a closed recirculating system. A sump 
provided water to be pumped through a temperature-controlled heater/chiller unit and 
then into 10.8 L plastic aquariums. The aquariums overflowed by gravity into the sump. 
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Larvae were retained inside the aquariums with 2.8 L acrylic boxes having 300 micron 
mesh bottom panels and open tops.  
Three replicate aquaria for each treatment were employed with densities of 
approximately 5-15 fish/L (mean 100 hatched larvae per replicate). Near 48 hours post 
hatch approximately 100 larvae were transferred from the hatching system to each 
experimental 10.8 L aquarium using a 200 ml beaker. Adequate oxygenation was 
maintained in each aquarium through water agitation. One heat pump per three replicate 
aquariums circulated water and regulated water temperatures for the duration of the 
challenge. During the challenges temperature was increased by 0.06°C/min for two hours, 
held at a plateau for one hour, then returned to the initial temperature. Aquariums were 
checked approximately every 10 minutes at which point water temperature was recorded 
and dead larvae were removed, counted, and preserved. Larvae were considered dead 
when they lay on the bottom of the tank and failed to swim away following gentle 
agitation of the water. Temperature was checked at each mortality check point with an 
infrared thermometer and continuously monitored by submersible temperature loggers in 
the aquariums. 
Parentage Analysis 
 Parentage analysis relied on molecular pedigrees based on microsatellite markers 
and employed the 11 microsatellites described in Chapter II. Genomic DNA was 
extracted from ethanol preserved larvae using a phenol-chloroform procedure (Sambrook 
1989) or an alkaline lysis method (Saillant et al. 2002). Multiplex PCR, electrophoresis of 
PCR products, and fragment analysis were performed as described in Chapter II. 
Parentage analysis was conducted based on the obtained genetic profiles using the 
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software PROBMAX v1.4 (Danzmann 1997). PROBMAX works by excluding parents or 
parental pairs based on known genotypes and can account for genotyping errors by 
allowing for mismatched loci. One multiplex panel (see Chapter II) was first used and 
complemented with additional microsatellites as needed to achieve unequivocal 
assignment of all offspring to a unique pair of parents. 
Determination of the Effects of Temperature on Transitional Phase Larvae 
 
The effect of temperature on yolk sac resorption of larval Gulf striped bass was 
investigated using 72.25 – 98.5 hours post-fertilization larvae that were experimentally 
challenged with sub-lethal temperatures until yolk reserves had disappeared. Resorption 
time was measured and compared between three different temperature regimes. 
Temperatures selected for experimental challenges included 19.0°C, which served as a 
control unchallenged, 22.1°C (April 11, 17) and 24.0°C (April 13). The challenge 
temperatures (22.1°C and 24.0°C) were determined based on results of CTM challenges 
(see results). Challenge temperatures (22.1°C and 24.0°C) were tested at different dates 
because available experimental systems did not allow applying the three temperature 
treatments (control 19.0°C, 22.1°C and 24.0°C) at the same time: experiment 1 and 2 
compared the control treatment (19.0°C) to a temperature of 22.1°C and were based on 
one and two mating sets, respectively, and experiment 3 compared the control treatment 
to 24.0°C using one mating set.  
Larvae were transferred from hatching containers into experimental aquariums 
(three replicates per treatment) using a 250ml glass beaker at 60.21, 73.88, and 73.33 
degree days post fertilization (ddpf) in experiments 1, 2, and 3, respectively. All larvae 
were acclimated for 1 hour at 19.0°C before being temperature challenged. For 22.1°C 
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and 24.0°C challenges the temperature was raised at a rate of 0.04°C/m and 0.07°C/m, 
respectively, and maintained at the desired endpoint until all larvae expired or were 
sampled for examination. Control groups remained at 19.0°C. Two to five larvae were 
sampled at approximately 8-hour intervals, euthanized with MS222, and photographed at 
4X magnification to determine yolk sac and oil droplet resorption qualitatively. Yolk 
resorption was considered completed when the yolk sac was not visible anymore (the oil 
globule was still present). Time to resorption of the oil globule was not determined due to 
the extended persistence of the oil globule even after first feeding, up to 30 days post-
fertilization at 18°C (Rogers and Westin 1981; Elderidge et al. 1982). 
Data Analysis 
 The CTMax for the death point of larval striped bass was estimated as the mean 
of individual temperatures at death across all challenges. The larval challenges did not 
follow a strict CTM protocol, but temperature at death is used here as a CTMax 
approximation. 
Genetic effects were tested via comparison of the thermal tolerance of individuals 
from different sire half sib families only in order to avoid bias due to maternal non-
genetic effects on thermal tolerance. Individual tolerance was measured as the duration of 
survival during the heating challenge. Thirteen sire half sib families produced at four 
different dates as described above were available for analysis as a result of the crossing 
design. Two families were, however, excluded from the analysis due to finding only a 
single offspring each during parentage analysis.  
An Fmax test (Sokal and Rohlf 1995) was used to determine homogeneity of 
variances among families, and a natural logarithm transformation was used to normalize 
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the time at death data. SPSS v.18.0 was used in an Analysis of Variance (ANOVA) using 
the model below:  
yijkl = di + sj (di) + tk (di) + eijkl  
where yijkl is the observation of natural logarithm transformed time of death for an 
individual, di is the fixed effect of the ith dam × experiment date combination, sj is the 
random effect of the jth sire nested in dam i, tk is the random effect of the kth tank 
(aquarium) nested in dam i, and eijkl is the random error term associated with individual 
ijkl.  
Estimation of the magnitude of the random components of phenotypic variance 
(sire and tank) was performed using the restricted maximum likelihood algorithm 
(REML) in the software VCE v6.0 (Groeneveld et al. 2008). REML methods analyzed 
995 progeny from 13 families. Maternal effects on thermal tolerance were tested by 
comparing the tolerance of offspring from the two dams that were spawned 
simultaneously and contributed to offspring used in the same challenge (April 28, 2010)  
in an Analysis of Variance (in other challenge dates, only one dam contributed to 
offspring; the dam effect was, therefore, confounded with the batch-challenge effect). 
Three dam half-sib families with 54 progeny each were available and were used in an 
ANOVA based on the same model as above.  
Because temperature varied among experimental groups, the kinetics of vitellin 
reserve resorption was measured on a degree-days scale in order to standardize 
observations and allow comparison of experimental groups and treatments. Degree days 
were calculated as  
Degree days = ( ∑ hi × ti ) / 24 
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where hi is hours spent at temperature ti recorded in °C. Time to resorption in degree days 
was compared between temperature treatments within each experimental challenge using 
student t tests. Differences in time to resorption at 19°C were compared among 
challenges qualitatively. 
Assessment of the Thermal Tolerance of Phase I Fish 
 
Determinations of critical thermal maxima (CTMax) of age-0 phase I Gulf striped 
bass were conducted on 45 – 91mm FL juvenile striped bass. Six families were generated 
by crossing three dams each with two different sires. These fish were of Blackwater 
River, Florida, origin, produced at Florida Fish and Wildlife Conservation Commission’s 
Blackwater Fisheries Research and Development Center. Juveniles were reared at 
MDMR Lyman Fish Hatchery and these experiments were conducted in June 2010. 
Sixty striped bass juveniles were harvested from larval ponds and held in an 
indoor raceway at 28°C and 3 ppt salinity for 14 days and trained to feed on dry pellet 
food. Fifteen randomly selected fish were chosen for the CTM challenge with a starting 
temperature of 27.8 ± 0.1°C (mean ± SD; 28°C hereafter). The 45 remaining fish were 
acclimated to 20°C by lowering the temperature over a 14 day period before 
experimentation. Holding temperature was variable between 20°C and 28°C during this 
lower-temperature acclimation because of power outages at the hatchery facility but 
remained near a constant 20°C for the final two days of acclimation. Fifteen randomly 
selected fish from the second group were used for the CTM challenge with a starting 
temperature of 20.6 ± 0.2°C (20°C hereafter). Trials were performed on June 7 and 27, 
2011, respectively, corresponding to the release season for phase I juvenile striped bass in 
Mississippi.  
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For challenges, striped bass were transferred from the holding tank to one of three 
transparent 10.8L plastic aquariums and acclimated for 30 minutes at the starting 
temperature. Five fish were dip netted and placed into each aquarium for a total of 15 fish 
per trial. The temperature was then raised by 0.16°C/m and 0.1°C/m for the 20°C and 
28°C challenges, respectively, until all fish expired. A heater/chiller was used to 
condition water circulated at a rate of 0.4 L/m from a sump into the three aquariums. Fish 
behavior and water temperature was monitored and recorded during each trial. 
Temperature at which loss of equilibrium (LOE), loss of righting response (LRR), onset 
of spasms (OS), and death point (DP) occurred were recorded for each aquarium of fish. 
There were no distinguishable differences in endpoint times between fish within 
aquariums. CTMax for each endpoint was determined as the arithmetic mean of the 
temperatures recorded for each aquarium of fish (Lowe and Vance 1955). Following 
temperature trials, each fish was weighed, and fork and total lengths measured. 
Statistical Analysis 
 
It was assumed that the relationship between acclimation temperature and CTMax 
endpoints was linear. Simple linear regression was used to describe this relationship and 
compared to the regression of Cook et al. (2006) who used the same methods. 
Comparisons of slopes and intercepts of Gulf and Canadian striped bass LOE, LRR, and 







Thermal tolerance of larvae 
Assessment of Survival 
 
The experimental challenge used in this section (see subsection Assessment of 
Larval Thermal Tolerance of Material and Methods) was devised to mimic a rapid 
fluctuation in habitat temperature and result in near-complete mortality. The challenge 
had a duration of 300 minutes during which temperature increased from 18°C to 25.4 ± 
1.2°C (mean ± SE), reached a plateau for 60 minutes, and then decreased back to 19°C 
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Figure 3. Percent cumulative mortality of 11 striped bass families used in four 300 





Assessment of Genetic Effects 
 
ANOVA showed no significant Sire effects on Natural Logarithm transformed 
Time of Death (Table 5) but a significant effect of the dam (confounded with challenge 
trial) and of replicate aquarium. To further evaluate possible maternal effects on thermal 
tolerance, the offspring of two dams challenged in the same experimental trial were 
compared in an ANOVA. Dam and sire effects were not significant (Table 6), but the 
effect of replicate aquarium was highly significant. The sire component of variance in 
REML analysis was 0.00246 with SE of 0.00914 and did not differ significantly from 
zero based on the standard error obtained. The estimate of the tank variance component 
was 0.25999 ± 0.08899 and differed significantly from zero. 
Table 5 
 
Results of Analysis of Variance of thermal tolerance measured as log transformed 

















Intercept      
Hypothesis 7626.382 1 7626.328 19604.450 0.000 
Error 4.308 11.074 0.389   
 
Dam      
Hypothesis 11.236 4 2.809 7.001 0.005 
Error 4.235 10.554 0.401   
 
Sire(Dam)     
 
Hypothesis 0.292 6 0.049 0.440 0.852 
Error 107.528 972 0.111   
 
Aquarium(Dam) 
     












Table 6  
 
Results of Analysis of Variance of thermal tolerance measured as log transformed 
survival time data during a thermal challenge – Challenge groups where two dams 

















Intercept      
Hypothesis 2969.434 1 2969.434 17632.269 0.000 
Error 0.564 3.349 0.168   
 
Dam      
Hypothesis 0.346 1 0.346 2.124 0.234 
Error 0.530 3.251 0.163   
 
Sire(Dam)     
 
Hypothesis 0.081 1 0.081 2.915 0.090 
Error 4.307 155 0.028   
 
Aquarium(Dam) 
     








     
 
Effects of Temperature on Transitional Phase Larvae 
 
 Larvae in experiment 1 experienced control and treatment temperatures of 
18.7±0.4°C and 21.8±0.4°C (mean ± SD) respectively. Experiment 2 had control and 
treatment temperatures of 19.3±0.6°C and 22.2±0.3°C while treatment 3 had control and 
treatment temperatures of 19.2±0.6°C and 24.0±0.6°C. Between treatments, the time to 
larval yolk resorption varied by up to 31.99 degree days (Figure 4). Larvae reared at 19°C 
absorbed yolk reserves between 126.1 and 143.6 ddpf. Larvae raised at 22°C had variable 
resorption times: in one trial yolk was resorbed between 107.7 and 114.7 ddpf while in 
the second challenge implemented, yolk resorption occurred between 128.4 and 139.3 
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ddpf. At 24°C yolk resorption occurred between 114.3 and 126.3 ddpf. Mean ± SD yolk 
resorption time was 123.9 ± 11.3 ddpf. In no trial was the oil droplet absorbed by the 
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Figure 4. Time in degree days until yolk resorption for transitional stage striped bass 
used in thermal challenges. Paired treatment temperatures indicate control and 






Figure 5. Development and yolk absorption of striped bass larvae. Top, 75.53 degree-
days post-fertilization (ddpf) showing full yolk, center 106.43 ddpf with yolk partially 
resorbed, bottom 302.62 ddpf with yolk fully resorbed and oil droplet remaining. All 
larvae from the same dam.   
 
 
Thermal Tolerance of Phase I Fish 
 
The LOE, LRR, OS, and DP endpoints were significantly related to acclimation 
temperature (Simple Linear Regression, n = 6, P < 0.01, r
2
 ≥ 0.98 for all four endpoints; 
Table 7). Three endpoint temperatures were compared to those experimentally 
determined by Cook et al. (2006). DP could not be compared as Cook et al. (2006) did 
not generate a CTMax estimate for this endpoint. Endpoints were 1.31 ± 0.07°C (Mean ± 
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SE) higher for Gulf striped bass than for Canadian striped bass at 20°C, the common 
acclimation point.  
Table 7  
 
Linear regression coefficients for critical thermal method endpoints with standard error 
in parentheses. Comparison of critical thermal method endpoints for Gulf of Mexico 
striped bass (this study) with those of Shubenacadie River striped bass (Cook et al. 2006). 
Within columns numbers sharing the same letter superscript are not significantly 















Loss of Equilibrium (LOE)     




 6 0.98 




 12 0.99 
 
Loss of Righting Response (LORR)     




 6 0.99 




 12 0.99 
 
Onset of Spasms (OS)     




 6 0.99 




 12 0.99 
 
Death Point (DP)     














Fish lengths and weights were significantly different between acclimation 
temperatures but not within acclimation temperatures (single factor ANOVA, P < 0.001; 











CTMax endpoint temperatures (°C), mean fork lengths (mm), and weights (g) of phase I 



























1 20.6 35.1 35.7 35.9 36.7 82.7(6.3) 8.5(2.5) 
2 20.4 35.1 35.4 35.9 36.4 85.2(4.7) 9.4(1.9) 
3 20.8 34.9 35.6 36 36.4 79.2(5.8) 7(1.2) 
4 27.9 37.7 38.3 38.4 38.5 56.4(8.4) 2.4(0.9) 





















Critical Thermal Maximum of Gulf Striped Bass Larvae and Phase I and Ontogenetic 
Shifts 
In this study thermal tolerance of Gulf striped bass was examined at two early life 
history stages. Results of experimental thermal challenges on 48-hour old striped bass 
larvae indicate that the CTmax for death is within the range 25.4 ± 1.2°C when larvae are 
maintained at the optimum spawning temperature of 18C. Examination of temperature 
profiles during the spring of 2009, 2010 and 2011 in the Pearl and Pascagoula rivers 
(Figures 6, 7, 8) suggest that temperature rises are relatively slow and that it would take 
several days to achieve a temperature differential comparable to the 7°C lethal increase 
observed in this study. This suggests tentatively that mortality of newly hatched striped 
bass larvae from natural reproduction in Mississippi drainages due to thermal stress is 
unlikely. Temperature rises observed in aquaculture ponds during the spring of 2010 
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(Figure 9) were also moderate in magnitude s suggesting that the lethal increase inferred 
during this work are very unlikely to occur during the early larval rearing stages in ponds. 
CTM challenges on phase I fish were conducted following a 20°C acclimation 
and a 28°C acclimation, encompassing the range of temperature likely encountered by 
phase I fish at release time. The two challenges indicated CTMaximas of 35.03, 35.57, 
35.93, and 36.50°C for LOE, LRR, OS, and DP, respectively, when acclimation was at 
20°C and 37.47, 38.10, 38.20, and 38.33°C, respectively, when acclimation was at 28°C. 
Data from the USGS river gauges suggest that rapid increases of temperature to achieve 
such differentials during the weeks following a release event are unlikely (phase I release 
usually occur in May to early June). However, released fish may colonize submerged 
aquatic vegetation beds in shallow areas where water renewal rates are low and 
temperature increases could be faster and more pronounced than those recorded at river 
gauges which may be located in deeper parts of channels to ensure continuous partial 
immersion. Series of measurements at or near release sites during the post release season 
would be helpful to evaluate the magnitude of temperature fluctuations in local habitat 
patches for phase I juveniles. LOE, LRR, and OS cannot be measured on larval fish in 
order to directly compare the corresponding CTMax metrics between these two life 
stages. DP at an acclimation temperature of 18°C was obtained using the regression 
formulas obtained in Chapter III. Application of this formula indicated that the DP 
CTMax for phase I striped bass is 35.8 ± 0.7°C, over 10°C greater than that of yolk-sac 
larvae. This result suggests a clear ontogenetic shift in upper thermal tolerance between 
yolk-sac larvae and the early juvenile phase I fish. Overall these results suggest that the 
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tolerance of Gulf striped bass to high temperature increases during development to match 









































































Figure 6. Spring 2009 water temperatures for Pearl River, Claiborne, MS, ▲; East 
Pascagoula River, Pascagoula, MS, ■; and West Pascagoula River, Gautier, MS, □. Data 












































































Figure 7. Spring 2010 water temperatures for Pearl River, Claiborne, MS, ▲; East 
Pascagoula River, Pascagoula, MS, ■; and West Pascagoula River, Gautier, MS, □. Data 











































































Figure 8. Spring 2011 water temperatures for Pearl River, Claiborne, MS, ▲; East 
Pascagoula River, Pascagoula, MS, ■; and West Pascagoula River, Gautier, MS, □. Data 

























Figure 9. Daily temperatures of nine striped bass aquaculture ponds at Mississippi 




Comparison of CTM of Gulf striped bass and Canadian striped bass 
Thermal tolerance of a Canadian strain was examined by Cook et al. (2006) who 
employed several methodologies, including the CTMax method employed in the present 
study. The heating rates for CTM trials of the current study (0.16 & 0.1°C/m) were lower 
than the 0.3°C/m rate recommended by Becker and Genoway (1979) and used by Cook et 
al. (2006) due to limitations of our experimental system and may have resulted in an 
over-estimation of CTMax as compared to values estimated by Cook et al. (2006). There 
was a larger disparity between endpoints for Gulf and Canadian fish acclimated to 20°C 
than between Gulf fish acclimated to 28°C and endpoints calculated from linear equations 
for Canadian fish at 28°C (Cook et al. 2006). Konecki et al. (1995) found that variable 
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acclimation regimes produced greater variance in endpoints for CTM challenges on coho 
salmon (Oncorhynchus kisutch) than did a constant acclimation temperature. The large 
difference between Canadian and Gulf striped bass CTM endpoints may thus be due in 
part to the accidental fluctuations of temperature during the acclimation period for the 
group acclimated at 20°C prior to challenge. However, for both acclimation temperatures 
and every endpoint, the Gulf fish had higher temperature tolerances and the intercept of 
the regression equation was significantly greater for Gulf striped bass than the one 
inferred for the Canadian population indicating a significantly higher CTM of the fish 
used in the present study. Cook et al. (2006) showed an ontogenetic shift and inverse 
relationship between upper incipient lethal temperature and fish size when comparing 
ILT values of striped bass 218 ± 4mm (mean ± S.E.) FL to that of 344 ± 5mm FL fish. 
Fish used in the present study measured 88 ± 6mm FL and weighed 8.5 ± 2.5g. The 
considerably smaller size of phase I fish may therefore have had a positive impact on 
upper thermal tolerances measured here compared to those determined by Cook et al. 
(2006). Overall, the difference in upper thermal tolerance between the two strains is very 
moderate (1.3°C or less when fish are acclimated at 20°C), which seems surprising 
considering the different thermal regimes between habitats used by Canadian and Gulf 
populations. This observation suggests that either genetic variation for upper thermal 
tolerance is limited throughout a broad latitudinal range, or that repeated introgression by 
Atlantic genomes has led to loss of adaptation to high temperature for Gulf striped bass. 
Formal comparison of thermal tolerance of current Gulf and Atlantic striped bass in the 
same experiment seems warranted to further investigate this question. 
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Maternal and Genetic Effects on Tolerance to High Temperature in Gulf Striped Bass 
Comparison of thermal tolerance of family groups indicated no significant effect 
of the sire on thermal tolerance, which translated to an extremely low and non-significant 
estimate of the variance among sires and associated heritability for the trait. Low 
heritability of upper thermal tolerance is consistent with results of studies in other fishes 
(Baer and Travis 2000; Charo-Karisa et al. 2005) and with the lack of evidence for 
latitudinal variation discussed above. This result, however, needs to be taken with 
caution. There were a very limited number of half-sib families available for estimation, 
which possibly led to an under-estimation of genetic variance due to sampling error. In 
addition, the effect of replicate aquariums during challenges was significant and may 
have prevented detection of a significant sire effect (e.g., see results of the crosses of 
female 506 by males 525 and 551, Figure 4). Finally, the relatively slow heating rate 
0.06°C/min) of this challenge experiment may also have had an effect on the estimation 
of heritability for survival time. Although presumably more relevant and likely to imitate 
natural environmental conditions, slower heating rates have been shown to produce 
heritability estimates of CTMax near zero (Hoffman 2010; Rezende et al. 2011) while 
rapid ramping rates may overestimate variance and evolutionary potential of CTMax 
(Terblanche et al. 2007; Chown et al. 2009). Rezende et al. (2011) recommended using 
the most rapid heating rate practicable in studies of the evolutionary potential of thermal 
tolerance so as to maximize heritability estimates for comparison between organisms. 
Faster heating rates may need to be considered in future challenges aiming at evaluating 
heritability and evolutionary potential for upper thermal tolerance in striped bass. 
Examination of greater numbers of families (~50 sires, Blanc 2003) and better control of 
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the variation among replicate aquariums seem warranted. Assessment of maternal effects 
on thermal tolerance is more challenging based on the results of the present study. A 
significant dam effect was detected when all the data were used in ANOVA, but because 
only one dam contributed to offspring in several trials, the dam effect is confounded with 
the experimental batch effect and is likely over-estimated if slight (unperceived) 
variations in challenge conditions impacted thermal tolerance of exposed larvae. 
Tentatively, this result thus suggests occurrence of significant effects of the female parent 
on the upper thermal tolerance of yolk sac larvae. Considering the low and non-
significant genetic variance discussed above, these effects would be non-genetic (i.e. 
maternal effects). A formal test of maternal effects can only be implemented based on 
data from the one trial where two dams contributed to offspring. The dam effect in that 
experiment was non-significant (Table 6). The latter result may be due to the sampling of 
two dams of identical values for thermal tolerance. Further assessment of maternal effects 
on upper thermal tolerance at early larval stages seems warranted. Differences in CTM 
due to maternal influences could result from several factors, including nutritional factors 
as discussed earlier stressing the importance of broodstock management and egg quality 
for aquaculture-based restoration programs. 
Effects of Temperature on Yolk Resorption of Striped Bass Larvae 
The duration of larval yolk resorption time varied between experimental batches 
based upon comparisons of control (19.0°C) treatments. Because offspring of different 
dams were used in the three trials, this result may be due in part to differences in maternal 
effects on initial yolk size. Maternal size has been shown to influence egg size and energy 
allocation to yolk reserves of offspring in another perciform fish, Perca flavescens 
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(Heyer et al. 2001). While differences in yolk resorption time among temperatures was 
limited when measured on a degree day scale (107.7 to 139.7 ddpf depending on the 
experiments), the difference in duration on a real time scale was substantial (24.0 to 31.5 
h) indicating a much reduced transitional phase for striped bass larvae when temperature 
rises by only 3°C to 5°C from the optimal spawning temperature. The transitional phase 
is a critical phase during which larvae must begin feeding before yolk reserves are being 
exhausted. The survival potential of striped bass larvae might therefore be compromised 
at high temperature unless food availability increases rapidly with temperature allowing 
larvae to initiate feeding in a more reduced time frame. Further study of first feeding 
success and larval survival as a function of temperatures and prey availability might be 




























CONCLUSIONS AND PERSPECTIVES 
 
The objective of this work was to evaluate molecular markers for genetic tagging 
and monitoring of striped bass during restoration in Mississippi and to examine the 
tolerance of larvae and phase I juveniles to high temperature as a potential limiting factor 
to population restoration. 
The panel of microsatellites tested in this work is used by the USFWS for routine 
monitoring of stocking efforts in other programs. Use of these markers will facilitate data 
exchange and comparison of monitoring results in the future. The loci included in the 
panel appeared polymorphic and achieved reasonably high power for parentage 
assignment and genetic tagging. Increased power for parentage assignment may however 
be warranted to ensure unambiguous identification of any striped bass from natural 
reproduction as discussed earlier. Reservations relative to the use of these markers 
include overall difficulties encountered to amplify reliably some of the loci in multiplex 
PCR reactions (in particular loci included in multiplex 1) and occurrence of artifacts, 
mainly large allele dropout, null alleles, and in a few cases, stuttering impacting scoring 
at five of the loci. These issues would potentially impact inferences on parentage and 
genetic identification of released fish in the wild and likely reduce the power of the panel 
of markers for parentage assignment. Additional loci not displaying these scoring issues 
may need to be optimized and added or substituted to some of the problematic loci in 
order to achieve robust inference on molecular pedigrees and on population genetics 
parameters of interest for genetic monitoring, such as inbreeding coefficients and 
effective population size.  
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The second objective of this work was to examine tolerance of yolk sac and phase 
I striped bass to high temperature as potential limiting factors to the restoration of 
Mississippi striped bass. Results of challenge experiments when compared to available 
data on temperature fluctuations in Mississippi rivers and aquaculture ponds suggested 
relatively low risk of mortality of yolk sac or phase I striped bass due to temperature 
increase. However, while temperature data in aquaculture ponds and natural 
environments indicate that the CTMax of yolk sac larvae and phase I fish is not likely 
exceeded, some events of rapid and significant increases of temperatures are observed 
(Figure 9) and may result in sub-lethal conditions for exposed fish. In this situation, 
survival and fitness may be compromised indirectly, for example, by reducing the 
transitional feeding period of yolk sac larvae as indicated by the strong reduction of this 
parameter when temperature increases by only a few degrees Celsius. In addition, the 
inference of moderate magnitude of temperature fluctuations encountered by phase I size 
fish is based on data from USGS river gauges, which are usually situated in areas with 
more flow and depth than juvenile fish may experience in shallow backwater areas. These 
unmeasured areas may heat to temperatures deadly to phase I striped bass and this is not 
reflected in currently available data. Monitoring of temperature conditions in habitats of 
potential use for phase I fish including areas near current release sites would be helpful to 
further evaluate mortality risks.  
The CTMax parameters measured in the present study were consistent with an 
increased thermal tolerance of phase I fish as compared to 48h post hatch larvae. 
Observations at later growth stages by Cook et al. (2006) suggested that upper thermal 
tolerance decreases when fish growth further. Thus, the upper thermal tolerance of older 
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striped bass may be incompatible with high temperatures occurring in Mississippi Bays 
and Estuaries during the summer seasons. Indeed, reduced upper thermal tolerance of 
pre-adult and adult fish has been hypothesized as a limiting factor in southern river 
habitats (Coutant 1985, 1990; Deiterich 2010) and led to the inventory (Opsahl et al. 
2003; Baker and Jennings 2005; Deiterich 2010) and protection (Kloer 2011) of thermal 
refugia. Assessment of the thermal tolerance of striped bass at additional life stages 
would be helpful to identify impacts of current temperature in habitats used by striped 
bass on fitness. 
Finally, no significant genetic effects on thermal tolerance of yolk sac larvae were 
detected. The low number of crosses available for the study and the occurrence of 
significant replicate aquarium effects were limiting to the study and may have prevented 
detection of existing genetic effects. Tentatively, the present results suggest limited 
genetic effects on upper thermal tolerance of yolk sac larvae, a result that would need to 
be confirmed based on a more robust dataset. Results of crossing experiments suggested 
occurrence of maternal effects on thermal tolerance although this result would also need 
to be confirmed using a more robust dataset. The similarity of CTMax reported in the 
present study and in the study of Cook et al. (2006) of a Canadian population is 
surprising and possibly reflects in part the loss of adaptation to high temperatures by Gulf 
striped bass following repeated introgression by Atlantic populations. Further study 
comparing thermal tolerance of Atlantic and Gulf striped bass in the same common 
garden experiment seems warranted to formally establish and interpret this result. 
The goal of the Mississippi stocking program has been to provide a sport fishery 
in coastal Mississippi rivers as well as re-establishing self sustaining populations in the 
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Pearl and Pascagoula rivers (Fruge 2006). As yet no natural reproduction has been 
documented in either of these systems; however, there exists the potential for spawning in 
both. Large striped bass have been caught as far up the Pascagoula River as Glendale and 
New Augusta, Mississippi in feeding aggregations (P. Mickle, University of Southern 
Mississippi Gulf coast Research Laboratory, personal communication). Capture and 
tracking of these large individuals using ultrasonic tags (e.g., Deiterich 2010) to locate 
spawning aggregations would provide inference on spawning habitat availability and 
usage, as well as delineate the physical habitat encountered by drifting eggs and larvae. 
Spawning capability could be assessed by monitoring sexual maturity of fish captured 
during the spring, and larval drift capture methods could be used to determine if striped 
bass are present in the ichthyoplankton (experiments may be facilitated by the use of 
genetic identification of drifting eggs and newly hatched larvae). Detection of natural 
spawning events and identification related offspring through molecular markers 
(categorical allocation methods, see Chapter II) would facilitate increased tracking of the 
population establishment process and provide inference on effective population size and 
recruitment (Liu and Ely 2009), valuable metrics in genetic population management 
(Lande and Barrowclough 1987) and a stated goal of the Gulf striped bass management 
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